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The present study quantifies cellular fatty acid composition of four filamentous, marine fungi viz. Trichoderma 
pseudokoningii, Curvularia lunata, Penicillium chrysogenum and Aspergillus niveus. These fungi were isolated from 
different marine sources and mass cultured in the laboratory using organic media. Fatty acids were quantified as methyl 
esters using gas chromatography (GC), using WICHROM software and data collector. This efficient approach using a 
computer modelled software program provides optimized fatty acid methyl ester (FAME) analyses. The principal fatty acids 
recorded from these cultures were oleic (18:1 n-9), linoleic (18:2 n-6), palmitic (16:0), stearic (18:0), behenic (22:0), 
lignoceric (24:0), α-linolenic (18:3 n-3), arachidic (20:0), myristic (14:0) and lauric (12:0) in the decreasing order of 
abundance. Unsaturated fatty acids varied between 57.86% and 85.23% while the saturated fatty acids varied between 
14.12% and 41.26% respectively of the total fatty acids. The fatty acids specific to the above mentioned fungi can be used as 
biomarkers for taxonomic purposes. High concentrations of C18 PUFAs (18:2 n-6 and 18:1 n-9) together with relatively 
high concentrations of saturated fatty acids like palmitic (16:0) and stearic acids (18:0) accompanied by minor 
concentrations of lauric (12:0), myristic (14:0), palmitic (16:0), arachidic (20:0), behenic (22:0), lignoceric (24:0), and 
α-linolenic (18:3 n-3) may be used as reliable biomarkers of the above mentioned cultures. α-Linolenic acid, which is an 
economically important omega-3 polyunsaturated fatty acid was produced less than 1% by all the test cultures. However, 
T. pseudokoningii (0.58%) and P. chrysogenum (0.68%) may be taken up for manipulation in order to increase the 
concentration of PUFAs.  
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Introduction 
Fatty acids are building blocks of lipids and in 

fungi lipids form important components of the 
membrane constitution1. Several studies have 
demonstrated the importance of this class of 
compounds for development, sporulation, 
germination and their involvement in various 
physiological processes2. In general, fatty acids in 
fungi occur as a homologous series ranging in carbon 
chain length from C10 to C25, with even-numbered 
carbon chains predominating3. As certain fatty acids 
are specific to certain microorganisms, it has become 
a common practice to determine microbial community 
structure using fatty acids as biomarkers, especially 
for microorganism chemotaxonomy4-6. 

Studies on fungal lipids began in the late 
nineteenth century with the recognition that certain 
strains and species of both yeast and filamentous 

fungi are capable of producing relatively high 
amounts of fats and oils. There is also particular 
interest in specific fungal lipid products, such as 
those having biological activity or surfactant 
properties7,8. 

The importance of polyunsaturated fatty acids 
(PUFAs) in the diet has become well established 
since their beneficial effects were first described in 
the late 1920’s. PUFAs are important from medical 
and pharmaceutical viewpoint and various earlier 
reports are available to show that microorganisms are 
capable of accumulating lipids-containing PUFAs9,10. 
The family of omega-3 polyunsaturated fatty acids 
(PUFAs) especially docosahexanoeic acid (DHA) and 
eicosapentanoeic acid (EPA) are recognized to have 
beneficial influence on human health11,12 and is 
included in various infant foods as DHA. DHA is 
considered to be particularly important in infant 
nutrition and brain development13, 14. The main source 
of DHA and EPA is believed to be fish oil15. 
However, the recovery and purification of DHA from 
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fish oil is uneconomical. Furthermore, fatty acids in 
fish oil are not stable, and possess peculiar taste and 
odour, which limits the use of fish oil as a source of 
DHA.  

In view of the above, the present paper uses fatty 
acid methyl ester (FAME) analysis to identify fatty 
acids from four different filamentous, marine fungi; 
Trichoderma pseudokoningii Rifai, (Class 
Ascomycetes), Curvularia lunata Wakker (Class 
Ascomycetes), Penicillium chrysogenum Thom, 1910 
(Class Ascomycetes), and Aspergillus niveus 
Blochwitz 1929 (Class Ascomycetes). The detailed 
analysis of the fatty acid composition of fungi 
cultured under identical laboratory conditions 
determine the potentials of abundant fatty acids to be 
used as specific markers (chemotaxonomic 
indicators) to distinguish the different species as well 
as to compare fatty acids of marine filamentous fungi 
with other distinct group of organisms from available 
literature. Secondly, a detailed fatty acid profile was 
used to identify a suitable fungal source capable of 
producing economically important PUFAs and other 
fungal lipid products having biological activity.  
 
Materials and Methods 

The four fungal cultures (Table 1), were used in 
the present study. The marine sample (organism/plant 
material/sediment) from which the fungi were 
isolated were collected from Goa coast, India, in 
sterile polyethylene bags and transported to the 
laboratory under aseptic, cold conditions. In the 
laboratory, the samples (except sediment sample) 
were rinsed thrice using sterile seawater to remove 
adherent particles and detritus material. Small 
portions (2 × 2 cm) of the sample material 
(organism/plant material) were placed on potato 
dextrose agar (PDA, HiMedia) plates. The medium 
(PDA) comprised of 200 g potato starch, 20 g 
dextrose sugar and 30 g agar dissolved in 1 L 
seawater: distilled water (1:1), pH 7.4 and salinity 
16 ppt.  

The sediment sample (10 mg) was added to a 
known volume of sterile seawater and vortexed thrice, 
for 20 seconds each. Dilutions were prepared in 
sterile seawater. A 100 µl aliquot of the final dilution 
(10 -4) was spread plated on to the PDA plates. The 
plates were incubated at room temperature (28+1oC) 
and checked daily for growth. At the end of 8 days, 
the isolates obtained were subcultured and purified on 
PDA plates. These cultures are deposited in the Bio-
organic Chemistry Lab. of the National Institute of 
Oceanography, Goa, India. 

The experiment was initiated by growing 
individual cultures on PDA slants for 8 days at 30oC. 
Each culture was separately washed with 5 ml of 
sterile seawater to dislodge spores. The resulting 
spore suspension was used as inoculum for mass 
culture. For mass culture of the four isolates, five-liter 
experimental flasks containing 2 liter sterile PDB was 
inoculated with 2 ml of respective aqueous spore 
suspension containing approximately 5 - 8 × 105 
spores/ml. Cultures were incubated on a shaker (200 
rpm) at 28+1oC for 15 days. At the end of the 
incubation period, fungal biomass was separated from 
the fermentation medium by filtration. The biomass 
was freeze-dried in a lyophilizer (Heto 
DRYWINNER) and 5 g of the biomass was used for 
extraction of fatty acids.  

Fatty acid extraction and preparation of methyl 
esters were carried out according to Lepage & Roy16. 
The methyl esters were analyzed by gas 
chromatography (GC), [Chemitto, Model GC-8610 
with FID]. The GC was connected to a WICHROM 
software and GC data collector. This efficient 
approach using a computer modeling software 
program provides optimized FAME analyses. A 
capillary glass column BPH-70 (30 m × 0.2 mm i.d.) 
was used with nitrogen as a carrier gas at flow rate of 
25 ml/min and split ratio of 1:100. The column 
temperature used was 160oC, raised at a rate of 5oC 
per minute to 220oC and that of the injection port and 
detector were at 250oC. The chromatographic peaks 

Table 1—Cultures used for the study of fatty acids 
 

Culture No. Culture name Region Source 
    
NIO FA1E #001 Trichoderma pseudokoningii Anjuna, Goa, India. Holothuria sp. 
NIO FM1E #001 Curvularia lunata Sinquerim, Goa, India. Acanthus illicifolius (leaves). 
NIO FMB #005 Penicillium chrysogenum Chorao, Goa, India. Porteresia coarctata(leaves) 
NIO FS1E #004 Aspergillus niveus Sinquerim, Goa, India. Mangrove sediment 
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of fatty acid methyl esters (FAME) were identified by 
comparing the value with authentic standards run 
similarly. 
 
Results  

The four fungal cultures, (Trichoderma 
pseudokoningii, Curvularia lunata, Penicillium 
chrysogenum and Aspergillus niveus), were grown 
under identical laboratory conditions. The fatty acid 
profile of the cultures (Fig. 1, Table 2) showed that, 
for each organism, fatty acids ranged from 12 to 24 
carbons. On an average, for all the cultures the 
percentage of unsaturated fatty acids (57.86 - 
85.23%) was higher than saturated fatty acids (14.12 
– 41.26%). Trichonderma pseudokoningii and 
A. niveus had a total of 10 fatty acids each while 
C. lunata and P. chrysogenum had 9 nos each. 
Trichonderma pseudokoningii and A. niveus showed 
small amounts of lauric acid (12:0) amounting to 
0.019% and 0.029%, of the total fatty acids, which 
was undetected in the lipid profile of C. lunata and 
P. chrysogenum. Thus, the four fungal cultures had 
similar fatty acid composition but showed differences 
in their individual concentrations expressed as 
percentages. 

Examination of individual fatty acids for each 
culture showed a rather simple profile. The fatty acids 
in the decreasing order of abundances were oleic 
(18:1 n-9), linoleic (18:2 n-6), palmitic (16:0), stearic 
(18:0),  behenic (22:0),  lignoceric (24:0),  α-linolenic 
(18:3 n-3), arachidic (20:0), myristic (14:0) and lauric 
(12:0). The most common and abundant fatty acids 
extracted  were  oleic,  linoleic,  palmitic  and  stearic, 

 
 

Fig. 1—Capillary gas chromatography of fatty acid methyl esters 
of the four fungal strains (A) Trichoderma pseudokoningii, 
(B) Curvularia lunata, (C) Penicillium chrysogenum and 
(D) Aspergillus niveus. [1 – lauric (12:0), 2 – Myristic (14:0), 
3 - Palmitic (16:0), 4 – Stearic (18:0), 5 – Oleic (18:1 n-9), 
6 – Linoleic (18:2 n-6), 7 – α-Linolenic (18:3 n-3), 8 – Arachidic 
(20:0), 9 – Behenic (22:0), and 10 – Lignoceric (24:0) acid] 

Table 2— Fatty acid composition of the marine-derived fungi 
 

Fatty acids Tricoderma pseudokoningii 
(Area %) 

Curvularia lunata 
(Area %) 

Penicillium chrysogenum 
(Area %) 

Aspergillus niveus 
(Area %) 

     
Lauric 12:0 0.019 - - 0.029 
Myristic 14:0 0.237 0.019 0.028 0.210 
Palmitic 16:0 17.520 8.687 22.100 26.785 
Stearic 18:0 8.201 3.546 9.397 11.672 
Oleic 18:1 n-9 42.935 47.905 36.780 41.763 
Linoleic 18:2 n-6 25.018 37.116 27.697 15.939 
Linolenic 18:3 n-3 0.548 0.212 0.682 0.158 
Arachidic 20:0 0.513 0.249 0.087 0.854 
Behenic 22:0 0.550 0.690 0.132 0.415 
Lignoceric 24:0 0.697 0.326 0.104 1.290 
Total unsaturated 68.501 85.233 65.159 57.860 
Total saturated 27.737 14.117 31.848 41.255 

 

“-’’ undetected levels.  
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while behenic (22:0), lignoceric (24:0), α-linolenic 
(18:3 n-3), arachidic (20:0), myristic (14:0) and lauric 
(12:0) were present in trace amounts. Oleic acid 
which is a monoenoic fatty acid, contributed between 
36.7% and 47.9% of the total fatty acid for all the 
cultures under study. This was followed by linoleic 
acid in the case of T. pseudokoningii (25.0%), 
C. lunata (37.1%) and P. chrysogenum (27.6%). Both 
these fatty acids belonged to the unsaturated group of 
fatty acids. On the other hand in the case of A. niveus, 
oleic acid was followed by palmitic acid which is a 
saturated fatty acid accounting for 26.7% to the total 
fatty acid. Next major fatty acid was stearic acid for 
all the cultures under study. α-Linolenic acid (18:3 
n-3), which is also an important unsaturated fatty 
acid, was present in concentration less than 0.68% of 
the total fatty acids. 
 
Discussion  

Fatty acids are abundant in most organisms. Each 
class or group of organisms is known to have 
distinctive fatty acid profile which enables us to use 
them as biomarkers of the typical class of 
organisms17.  

In the present study, the growth conditions of the 
cultures (Trichoderma pseudokoningii, Curvularia 
lunata, Penicillium chrysogenum and Aspergillus 
niveus) were kept uniform to minimize variation in 
the fatty acid composition. These filamentous marine 
fungi showed oleic (18:1n-9), linoleic (18:2n-6), 
palmitic (16:0) and stearic (18:0) acids as major fatty 
acids. Thus high concentrations of C18 PUFAs (18:2 
n-6 and 18:1 n-9) together with relatively high 
concentrations of palmitic (16:0) and stearic (18:0) 
acids (saturated fatty acids), accompanied by minor 
concentrations of lauric (12:0), myristic (14:0), 
palmitic (16:0), arachidic (20:0), behenic (22:0), 
lignoceric (24:0), and α-linolenic (18:3 n-3) may be 
used as reliable biomarkers of the above mentioned 
cultures. Similar reports3 showed oleic acid to be one 
of the most abundant fatty acids in fungi, while true 
yeasts have palmetoleic acid (16:1) as a major fatty 
acid.  

α-Linolenic acid (18:3 n-3) is known to be 
produced by most but not all fungi. When present it 
may be one of the major fatty acids but rarely the 
most abundant3. According to earlier study5, among 
18 species of Penicillium studied, P. chrysogenum 
contained the highest percentage (7% of the total fatty 

acids) of linolenic acid. Conjugated linoleic acid 
(CLA) has remarkable health benefits in terms of 
protection against cancer and atherosclerosis. The 
main dietary source of CLA is beef and milk. Unlike 
most anticarcinogenic compounds, CLA can, both, 
reduce the incidence of new tumor formation in 
animal models and some as a cytotoxic agent to 
existing tumor cells. 

Extensive data are now available on the distinctive 
fatty acid profile for bacteria17, dinoflagellates18, 
microalgae19,20, macroalgae21 and higher organisms22. 
Fatty acids such as palmitic (16:0) and stearic acids 
(18:0) are ubiquitous. From available literature, it is 
shown that microalgae belonging to Chlorophyceae 
are high in C16 PUFA; 16:2 n-6, 16:3 n-3 and 16:4 
n-3 and C18 PUFAs; C18:2 n-6, 18:3 n-3. While the 
fatty acid composition of Bacillariophyceae (includes 
diatoms) predominate in 14:0, 16:0, 16:1 n-7 and 20:5 
n-3, which accounted for 67-77% of the total fatty 
acids19. They were particularly dominant in C16 
PUFAs. On the other hand, dinoflagellates showed 
high levels of C18 PUFAs such as 18:2 n-6, 18:3 n-3; 
high levels of 20:5 n-3 and 22:6 n-3, and unusual fatty 
acid 18:5 n-3. However, 18:5 (n-3) is not unique to 
dinoflagellates alone and has been reported from 
algae such as heptophytes, raphidophytes and 
prasinophytes23. High amounts of fatty acids 16:0, 
16:1 n-7 and 20:5 n-3 and insignificant contribution 
by other fatty acid components are considered to be 
chemotaxonomic indicators of Eustigmatophyceae20. 
Fatty acids of Cryptophyceae were reported to be rich 
in 16:0, C18 PUFAs and 20:5 (n-3) and barely 
detectable amounts of 18:0 and C16 PUFAs.  

Present study showed high concentration of C18 
chain, on the other hand fatty acids with C18 chain 
length were reported to be present in relatively small 
amounts in certain species of green algae20.  

In conclusion, high concentrations of C18 PUFAs 
(18:2 n-6 and 18:1 n-9) together with relatively high 
concentrations of saturated fatty acids like palmitic 
(16:0) and stearic acids (18:0) accompanied by minor 
concentrations of lauric (12:0), myristic (14:0), 
palmitic (16:0), arachidic (20:0), behenic (22:0) and 
lignoceric (24:0), including linolenic (18:3 n-3) may 
be used as reliable biomarkers of the above 
mentioned cultures. Identical reports on fungal fatty 
acids with dominant linoleic (18:2 n-6), palmitic 
(16:0), oleic (18:1n-9) and stearic (18:0) acids were 
reported24. They also report the presence of very long 
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chain fatty acids (VLCFAs) of 22, 23, 24, 26, and 28 
carbons. This was also the case in the present study 
with VLCFAs restricted to 20, 22, and 24 carbons.  

In addition to quantification of fatty acids, 
identification of fungal source capable of producing 
PUFA is also attempted. Present study shows that 
fungi belonging to Class Ascomycetes can be used as 
good sources of C18 PUFAs. Although linolenic acid 
is present at concentrations < 1% of the total fatty 
acids, attempt is on to try and modify the fatty acid 
composition especially of T. pseudokoninjii and 
P. chrysogenum, in order to increase C18 PUFAs at 
the cost of other fatty acids because of their 
extremely high economic value.  
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